Introduction
The human and mouse repertoires of expressed proteases are predicted to consist of 569 and 651 members, respectively, which are encoded by about 2-3% of all genes [1] . Caspases are cysteine-dependent, aspartic-acid-specific proteases that belong to the clan CD, family C14. The 11 functional human and 10 functional mouse caspases identified to date [2] exert their proteolytic functions mainly by directed processing of protein substrates, whose numbers are estimated to be in the hundreds [3] . Caspase cleavage can result in loss or gain of function of the cleaved protein (or its resulting fragment), and can also influence its subcellular translocation. Therefore, it is generally accepted that knowledge of the physiological substrate repertoire of a caspase, its substrate degradome [4] , and the functional consequence of its enzymatic activity provides crucial information about the processes steered by caspases. Caspases have essential roles in various cellular processes and are detrimental in various pathological events [3, [5] [6] [7] [8] [9] [10] . Therefore, analysis of the native substrate repertoire of caspases is receiving increasing attention in the protease field. Moreover, apoptotic models have been used as proof-of-concept systems for newly developed proteomics technology. This is not only because caspases preferentially cleave at aspartic acid residues, but also, and probably as importantly, because their activities can be induced in a controlled and relatively synchronous manner in cellular models. Caspase-specific cleavage events have been documented extensively. Therefore, the identification and validation of caspase-specific substrate cleavage is a rather straightforward task ('easily caught'). However, in order to elucidate their full biological roles, further exploration of the function of caspases and caspase-mediated processing in physiologically relevant situations is required (hence, 'deep waters').
Among the human and mouse endoproteases characterized so far, preferential cleavage of a peptide bond following an aspartic acid residue has been observed only for caspases and for the serine protease granzyme B [11] . The primary specificity of caspases is further determined by the amino acids directly flanking the scissile bond, that is, P and P' [11, 12] . Several techniques, such as positional scanning-synthetic combinatorial libraries (PS-SCL), microarray screening, cellular libraries of peptide substrates (CLiPS), and proteomic identification of protease cleavage sites (PICS) have been used to determine the optimal cleavage site specificity of a particular caspase [11, [13] [14] [15] . These techniques assay caspase-specific cleavage in peptide libraries. Depending on the technique used, the length of the peptides varies between four amino acids (e.g. PS-SCL) and approximately 12 (e.g. PICS).
The wealth of cleavage-site information deduced from such technologies has led to the development of several in silico tools that rely predominantly on observed tetrapeptide specificity to predict caspase cleavage sites in given proteins. However, thus far, these tools (e. [22] ) have been of limited value for the ad hoc identification of caspase substrates. On the other hand, PS-SCL approaches have led to the development of synthetic tetrapeptide substrates to monitor semi-specific caspase activity, and pseudo-substrate (pan-)caspase inhibitors as research tools. However, the commonly used peptide-based caspase inhibitors and substrates inherently lack specificity and physical properties such as solubility, membrane permeability and bioavailability, which are required to examine individual caspase activities [23] [24] [25] . The inability of these peptides to inhibit caspases specifically makes them unsuitable as therapeutic drugs.
Furthermore, only a few of the potential classical tetrapeptide caspase cleavage sites are cleaved in the context of the full-length protein [26] , which indicates that other factors, such as structural constraints, are likely to be involved in steering cleavage site selectivity by caspases [27, 28] . Importantly, this also implies that specificity profiles, often obtained from peptide-cleavage data, most probably do not accurately reflect physiological caspase actions. Several observations have pointed out that posttranslational modifications, such as phosphorylation [29] and/or the presence of a secondary binding site or exosite [30, 31] , determine higher-order constraints that probably influence substrate recognition and/or turnover rates. Hence, these observations suggest that caspase recognition of protein substrates goes beyond the mere recognition of the actual cleavage site. Therefore, it is important to identify potential caspase cleavage events in the context of native full-length proteins to detect the physiologically relevant cleavage sites.
In the following sections, we present an overview of the state-of-the-art techniques that have been used to screen for caspase substrates in complex proteomic contexts, and to profile the interactions between caspases and their substrates on a proteomic scale.
Gel-based proteomic approaches
All gel-based proteomic approaches for identifying caspase substrates use at least one PAGE step to separate proteins and protease-derived fragments from complex mixtures or proteomes.
Two-dimensional PAGE (2D-PAGE)
In 2D-PAGE, protein mixtures are separated by two consecutive gel electrophoresis steps that are orthogonal to each other: (i) isoelectric focusing (IEF), and (ii) SDS-PAGE [32] . Following 2D-PAGE, resultant protein spots can be visualized by various staining methods, including the rather insensitive Coomassie stains and more sensitive fluorescent dyes. When a 2D-PAGE pattern of a caspasedigested proteome is compared with that of a control, the staining intensity of proteins that are caspase substrates is weaker or absent in the caspase-treated proteome (depending on the extent of cleavage). In addition, any resultant stable cleavage fragments appear as new spots. These observed substrates and fragments are excised and identified by mass spectrometry (MS). 2D-PAGE has been used to identify substrate-specific proteolysis by the Caenorhabditis elegans caspase CED-3, which demonstrates the cleavage of cytoskeletal proteins as well as proteins involved in ATP synthesis and cellular metabolism [33] . Human caspase-cascade-induced proteolysis, as monitored in apoptotic Jurkat cells, has revealed specific cleavage of proteins that contain RNA-recognition motifs, as well as cleavage of cytoskeletal proteins and a wide variety of other substrates [34, 35] .
In addition to the detection of newly appearing fragments, 2D-PAGE and other gel-based approaches can address the extent of precursor cleavage, with a minimum threshold of 15%, by comparison of the abundance of the protein in a control and treated proteome [36] . Establishment of the exact cleavage site within an identified substrate is challenging without the help of additional molecular biological assays. Moreover, a well-known limitation of 2D-PAGE is that its use is restricted to abundant and highly soluble proteins, which might lead to the identification of only a few potential caspase substrates.
2D-difference in-gel electrophoresis (2D-DIGE) 2D-PAGE reproducibility has been improved greatly with the introduction of immobilized pH gradient strips for IEF [37] and the development of 2D-DIGE visualization [38] . Here, the tagging of proteins with two different fluorescent labels enables the simultaneous analysis of samples from two proteomes on one 2D gel. Superposition of the two images obtained at the respective emission wavelengths of each fluorescent probe allows direct comparison [38] ( Figure 1a) . In current applications, two dyes (e.g. Cy2 (a) 2D-DIGE. Untreated and protease-treated (illustrated by red scissors) proteomes are differentially labeled and separated by IEF (pI) and by molecular weight (MW). Overlay of the two images taken at the emission of each of the two fluorescent dyes reveals overlapping protein spots (yellow). Green spots indicate proteolytically cleaved substrates, while red spots denote caspase-generated substrate fragments. (b) Diagonal gel-electrophoresis. A cellular protein lysate is first separated according to MW. A lane from a resulting gel is then placed into renaturing buffer and subsequently subjected to in-gel proteolysis by the addition of a purified protease (red scissors). Separation of the proteins in the treated gel by MW yields a diagonal that contains all uncleaved proteins. Spots under this diagonal originate from protease-generated substrate fragments.
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Trends in Biotechnology Vol.27 No.12 technology has not yet been used to identify caspase substrates per se, but has revealed candidate caspase substrates in cell lysates that have been treated with recombinant granzyme B [39] .
Diagonal gel electrophoresis
Diagonal gel electrophoresis is a variation of the abovementioned techniques for the detection of proteolytic events. In this procedure, after a first SDS-PAGE separation and protein renaturation step, an in-gel proteolytic caspase digestion is carried out. Separation in the second dimension, which is perpendicular to the first dimension, yields a diagonal line that contains all intact proteins. Proteolytic fragments are smaller and will thus appear as spots under this diagonal [40] (Figure 1b) . Apart from the general limitations associated with gel-based methods, this technique has two major drawbacks: (i) proteins might not refold completely after the initial denaturing SDS-PAGE separation, which potentially leads to false-positive results, and (ii) the added caspase could have limited access to the substrate, particularly with low-molecularweight substrates that reside in more dense polyacrylamide mesh. The latter limitation also implies that the protease concentration used will vary for different substrates and remains unknown. Using this technique, 41 direct protein substrates of the inflammatory caspase-1 were identified recently [41] .
Shotgun proteomics of substrates following SDS-PAGE
The use of 1D protein separation by SDS-PAGE might circumvent several limitations of 2D-PAGE systems, such as potential protein precipitation during IEF, and can increase sensitivity. To identify the separated proteins, slices of an SDS-PAGE gel, which typically contain numerous proteins, are subjected to in-gel trypsin digestion and the generated peptide mixtures are analyzed by liquid chromatography-tandem MS (LC-MS/MS) [42] . For caspase-substrate identification, control and caspase-treated proteomes are analyzed individually and subsequently compared to screen for proteins that appear in slices that correspond to higher molecular mass in the untreated proteome and to lower molecular mass in the treated proteome. The pioneering study of Thiede et al. has defined arbitrarily a protein as a caspase candidate substrate when, after caspase treatment, it displays a reduction in mass of at least 20% compared to the uncleaved protein. By this approach, nine apoptosis-modified proteins could be identified as putative caspase targets in Fas-stimulated Jurkat T cells. Some of these have been confirmed as genuine caspase-specific substrates, for example, nucleolin and Rho GDI 2 (Rho GDP-dissociation inhibitor 2), whereas others have been shown previously to be caspase-specific substrates [42] .
More recently, the group of Benjamin Cravatt has provided semi-quantitative measurement by using average MS/MS spectral count values for each identified protein when comparing control with apoptotic proteomes. This allowed them to visualize protein-specific peptide coverage from all individual slices using so-called peptographs, in which the sequence coverage for a given protein is plotted against its migration pattern [43] (Figure 2 ). This type of visualization is able to discern rapidly degraded substrate fragments (unstable fragments) from accumulating, stable fragments in cells. Furthermore, using this approach, two different proteomes can be compared and screened for global changes in size, topography, and abundance of proteins (PROtein TOpography and Migration Analysis Platform, or PROTOMAP). Their analysis of the native substrate proteome of apoptotic Jurkat T cells has revealed multiple, previously uncharacterized, apoptosis-related caspase-cleaved proteins [43] . Nevertheless, unambiguous assignment of proteolytic cleavage sites is not straightforward with these techniques, in contrast to targeted positive or negative selection strategies (see below) that point directly to the exact cleavage site. Furthermore, the increase in cleaved proteins identified over the past few years can be attributed mainly to the increased sensitivity of novel MS methods, and not to improvements in separation technology. Moreover, several caspase substrates identified in earlier targeted gel-free proteome studies [28] (see below) have been assigned incorrectly by this method as non-substrates. This was mainly because these particular cleavage sites reside in the extreme N-terminal part of the proteins (typically within the first 30 residues). When a cleavage site is close to the N-terminus of the substrate, the N-terminal fragment released after proteolysis is so small that the full-length protein substrate and its cleaved counterpart are nearly indistinguishable after [44] .
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Gel-free proteomic approaches As discussed above, 2D gel-based approaches are generally associated with limited sensitivity and resolution. Gel-free techniques, which have been shown to have higher sensitivity and resolution [45] , have become employed more widely for substrate identification in proteomes. In this section, we discuss the strengths and weaknesses of gelfree technology, including mRNA display, iTRAQ (isobaric Tags for Relative and Absolute Quantification), two biotinbased positive N-terminal peptide selection techniques, PICS, and COmbined FRActional DIagonal Chromatography (COFRADIC), which are used nowadays to identify caspase substrates.
mRNA display mRNA display is a cloning strategy that utilizes small pools of in vitro transcribed/translated cDNAs [46] . Ju et al. have modified this approach into a high-throughput, amplification-based peptide selection screening platform for the identification of protease substrates [47] [48] [49] . mRNA-displayed proteome libraries have been used to identify substrates of human caspase-3 and -8, and zebrafish caspase-3 [47, 48] . This technique takes advantage of the mRNA-puromycin-peptide fusion product that results from the translation of a mRNA that is ligated at its 3' end to puromycin. As translation proceeds, the ribosome moves along the mRNA template, and once it reaches the 3' end of the template, it incorporates the fused puromycin into the C-terminus of the nascent peptide. The mRNA-puromycin-peptide fusion is then released from the ribosome. The mRNA-linked peptide is immobilized by its biotin-tagged N-terminus and is only released upon protease cleavage (Figure 3 ). This strategy allows multiple rounds of selection and subsequent RT-PCR-based mRNA amplification of the released fragments, thus permitting enrichment of low-abundance sequences, which constitutes a significant advantage over direct, cell-derived proteomics. However, this approach is unable to identify the exact cleavage site. Rather, it maps potential cleavage sites to a fairly restricted region by exclusion, that is, when cleavage sites partially overlap, or to a region of about 20 amino acids by alternative validation technology such as tricine-SDS-PAGE-based separation of the proteolytic fragments. Specific assignment of obtained candidates can prove particularly difficult for proteases with uncharacterized cleavage site specificity or when potential cleavage sites are juxtaposed. In addition, this technique is restricted to in vitro studies because it is based on an in vitro-translated cDNA library. Moreover, because some of the mRNA-translated peptide sequences can be incomplete, they might not necessarily adopt the native conformation and could thus yield false-positive results.
Isobaric mass tagging approaches for quantifying proteins
Recently, so-called isobaric mass tags, that is, tags with the same nominal molecular weight, have been introduced for multiplexed, quantitative gel-free proteomics. Typically, these tags contain three different groups: a reactive group for modification of primary amine or thiol groups, a balancer, and an easily detectable reporter group of low mass. The balancer and the reporter group are designed such that all the tags have the same nominal mass. For that reason, differently tagged peptides display identical m/z values and are indistinguishable by MS. However, upon fragmentation of peptides, the different reporter groups are segregated in the resultant MS/MS spectrum,which allows quantification of peptides and their corresponding proteins. 4-Plexing and 8-plexing with the iTRAQ reagents [50, 51] , and even 10-plexing with Perkin Elmer's ExacTag reagents [52] are possible, which demonstrates a clear benefit of isobaric mass tagging in enabling high sample throughput.
In order to identify caspase-3-generated neo-N termini, a variation of this approach has been used in which the eamino group of lysine residues is blocked by guanidination [53] . Consequently, only the N-terminal a-amino groups of free proteins are labeled by isobaric mass tags (Figure 4a ). iTRAQ-labeling readily allows MALDI (Matrix-Assisted Laser Desorption/Ionization)-MS/MS-based screening, because the occurrence of characteristic intense signature ions in MS/MS leads to a data-dependent acquisition strategy for the specific sequencing of neo-N termini that have been generated by proteolysis. This approach is not only able to identify the protein substrates, but also points directly to the exact cleavage site. However, because uniquely tagged peptides are not enriched after trypsinization, the substantial background of non-N-terminal peptides greatly reduces the sensitivity of identifying neo-N termini. To reduce these background signals, tools have been developed to positively select for peptides holding the N-terminus of proteins [27, 54] , or negatively select for protein N-termini by depletion of trypsin-generated non-N-terminal peptides [55, 56] . Figure 3 . Determination of protease substrates by mRNA display. Shown here is a selection scheme for protease substrates that utilizes a mRNA-displayed protein library as a high-throughput screening platform. After transcription, the mRNA strand is ligated at its 3 0 end with puromycin. Translation of the puromycin-linked mRNA results in a mRNA-puromycin-peptide fusion product, of which the mRNA is made double-stranded by RT-PCR. The peptide is N-terminally biotinylated and immobilized on streptavidin beads. Protease (e.g. caspase) cleavage (red scissors) of the peptide releases the DNA-puromycin-peptide product. This strategy allows multiple rounds of selection and RT-PCR amplification of the mRNA released from fragments, thus permitting enrichment of low-abundance sequences and identification of the protein substrates. Adapted with permission from Ref. [47] .
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Trends in Biotechnology Vol. 27 No.12 Biotin-based positive N-terminal peptide selection As mentioned, a limitation of the previous method is that the uniquely tagged peptides are not enriched after trypsinization. To increase the sensitivity of identifying neo-N termini, two techniques of positive selection of N-terminal peptides in complex mixtures have been reported that are based on the biotin affinity tag [27, 54] (Figure 4b and c) . An important advantage of the biotin-based approach is its ability to directly identify the cleavage site within the protein substrate. Both methods employ biotinylation of free a-amines to enrich for neo-N termini that are generated by proteolysis but use different procedures for eluting the bound N-terminal peptides from the affinity resin. It is worth noting that, in eukaryotes, acetylation of protein aamino groups is a widespread modification [57] , which suggests that free a-amino groups are found mainly at protease-generated neo-N termini.
Timmer et al. achieved N-terminal-selective biotinylation by blocking the e-amines of lysine residues with guanidination before biotinylation. To that end, the disulfide linker of the biotin tag is reduced by dithiothreitol (DTT), which specifically releases N-terminal peptides for further 12 LC-MS/MS analysis [54] . In another study, proteins and protein fragments that contained a free a-amine were biotinylated via a subtiligase-mediated enzymatic peptide linkage [27] . This circumvented the need for a previous step of e-amine blocking, because subtiligase is highly selective for a-amines [58] . The biotin-trapped peptides were eluted by tobacco etch virus (TEV) protease-mediated hydrolysis of the TEV-specific cleavage site that had been introduced between the biotin-tag and the subtiligaseattached peptide substrate (a peptide glycolate ester). This allowed LC-MS/MS sequencing of the released biotin-free peptides. TEV-protease cleavage leaves an N-terminal peptide tag composed of a serine and a tyrosine residue attached to the N-terminus of the captured N-terminal peptide [27] , which allows the sequence-based verification of truly labeled versus contaminating unlabeled peptides by MS/MS. However, in this approach, inherent differences in subtiligase-substrate specificity (i.e. primary sequence or structural features) might result in incomplete a-amine modification of the N termini, which precludes comparative and quantitative analysis. For example, only 0.27% of all identified N termini in the above study harbored a proline at the P1' position [27] , and represent about 25% of all a-amino, non-acetylated, human protein N-termini and 5% of all protein N-termini [59] . This indicates that such an enzymatic bias could affect the interpretation of proteolytic specificities.
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PICS
In PICS, natural proteome-derived peptide libraries are generated. These libraries are searchable in databases, which can be used to identify proteolytically generated peptide neo-N termini [15] . However, PICS cannot be applied to the analysis of protein substrates in their physiological context. Nevertheless, as individual amino acids and their combinations occur at different rates in vivo compared to those predicted theoretically, proteomederived peptide libraries harbor more physiologically relevant sequences than synthetic peptide libraries.
In PICS, an isolated proteome is pre-digested with a well-characterized protease, such as trypsin or GluC (Staphylococcus aureus protease V8) ( Figure 5 ). Any free primary a-and e-amines are then dimethylated and the cysteines are alkylated. The peptide libraries are incubated with specific proteases of interest, which results in cleaved peptides. The C-terminal fragments of these cleaved peptides expose a free a-amino group that is subsequently biotinylated and enriched before further LC-MS/MS analysis. After identification of these peptide fragments, protein sequence database mapping can be performed to identify the corresponding primed site sequence of the cleaved peptide ( Figure 5 ).
Since the above-mentioned modifications are performed before incubation with the protease of interest, they might alter the charge or structure of the proteins, which is likely to affect substrate recognition. Furthermore, as noted above, PICS can only be used for in vitro analysis. Nonetheless, PICS can outperform well-documented peptide librarybased approaches, such as PS-SCL or CLiPS [11, 14] with respect to determining the specificity of protease cleavage sites. In addition, PICS has other advantages, including high sample throughput, greater sensitivity, and the ability to detect cooperativity between subsites that flank tetramer peptides typically used for caspases.
COFRADIC

Another method to identify N-termini is COFRADIC.
Here, all N-terminal peptides of proteins or of proteasecleaved protein fragments are blocked and trypsinized. By using trideutero-acetylation, the N-e-amines of lysine residues and the N-terminal peptides that carry free a-amines in vivo are mass tagged, which allows them to be distinguished from in vivo N-a-acetylated protein N termini [60] [61] [62] [63] . In contrast to affinity-based enrichment or depletion methods that co-isolate peptides by nonspecific binding, the retention of a peptide in a reverse-phase (RP) column is used as the selection criterion in COFRADIC. For separation, the principle of diagonal electrophoresis [64] is used but the paper matrix is replaced by a RP-HPLC column. In between two consecutive and identical peptide separation steps, 2,4,6-trinitrobenzene sulfonic acid is used to modify trypsin-generated internal peptides at their free a-amino group and convert them into highly hydrophobic trinitrophenyl peptides. Consequently, these modified peptides are not selected for further MS/MS analysis because of their shift out of the primary collection intervals [56] . A more recent development of this approach has introduced a strong cation exchange step to pre-enrich for N-terminal peptides. Combined with COFRADIC, this procedure yields over 90% of pure N-terminal peptides [63, 65] ( Figure 6 ). Using this technique, several novel caspase substrates have been identified in apoptosis-induced or caspase-1-treated proteomes [28, 62, 66] . Future perspectives Generally, each gel-free technology that selects for Nterminal peptides discussed above is amenable for quantitative analysis when using differential metabolic labeling (e.g. SILAC [Stable Isotope Labeling with Amino acids in Cell culture] [67] ) or post-metabolic labeling (e.g. iTRAQ, N-hydroxysuccinimide esters or deuterated formaldehyde [68] ). This technology can be used to compare protein processing in different systems, both in vivo and ex vivo. The major drawback, however, is that thus far this technology has rarely gathered information on the overall degree of substrate cleavage, in contrast to gel-based approaches, in which quantification often can be performed using protein spot density (2D-PAGE) or by counting MS/ MS spectra (SDS-PAGE combined with shotgun proteomics) [35, 43] . Clearly, given the high sensitivity of mass spectrometers, neo-N-termini from inefficiently cleaved substrates are identified readily, and therefore, the numerous recently reported caspase cleavage sites [43] contrast sharply with the limited number of cleavage events observed in protein 2D maps [35] . This illustrates that shotgun methods are prone to identify cleavage of so-called bystander substrates that may well be physiologically irrelevant [3] .
In the near future, the identification of bystander substrates might be coped with by selective reaction monitoring (SRM) MS/MS techniques [69] . In SRM, a predefined peptide precursor ion and one or more of its typically abundant fragment ions are selected by two m/z-filters in, for example, triple quadrupole mass spectrometers, and analyzed over time. When combined with spiked-in internal standard peptides and the known column retention time, SRM allows specific quantification of a modest to high number of lowly abundant peptides that are present in a whole proteome digest during a single LC-MS/MS analysis. With SRM, selected peptides can be relatively or absolutely quantified in a proteome digest using MS/MS detection in a relatively short time (one LC-MS/MS run). 
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Trends in Biotechnology Vol.27 No.12 Given that SRM is intrinsically more sensitive and more specific than immunodetection techniques, and it can be used for relatively high-throughput (e.g. tens of peptides can be monitored per analysis, which takes about 1 h), it could be used in large-scale protein processing. This could be done by using peptides that do not contain caspase cleavage sites to quantify the global levels of the substrates, whereas peptides that encompass cleavage sites might be used to monitor the degree of processing (the concentration of the natural peptide counterpart is expected to drop).
Conclusions
We conclude that gel-based and gel-free technology can provide complementary information. Quantification and visualization strategies used for 1D and 2D approaches are highly informative and allow estimation of the degree of proteolytic cleavage. However, the exact delineation of the cleavage sites using mRNA display or gel-based technology is much more challenging and often speculative when compared to gel-free technology, especially when studying yet uncharacterized proteases or proteases with broad specificity. Although various strategies for comparative proteome analysis by isotope labeling have been reported, few groups have performed differential analysis. Thus far, each technology is, in principle, open to differential analysis when used in combination with metabolic cell labeling or other mass-tagging strategies. However, the chemical modification used in various protocols might affect peptide ionization and database matching. Finally, the identification of several reported caspase substrates has been done at non-physiological protease levels, and substrate hunts were done in an ex vivo, cell-free context (cell lysate). These strategies might have led to a large number of false-positive or bystander substrates. Therefore, the question remains whether cleavage of these substrates also occurs at physiologically-relevant caspase concentrations, approximately 1 nM in apoptotic dying cells [70] , and in cells. It is probable that cleavage events that exclusively appear after prolonged protease incubation and/or higher protease concentrations have little biological importance. The recent advances in SRM MS/MS techniques and kinetics of cleavage events might allow in the near future discrimination of physiologically important from irrelevant bystander substrates.
